In epithelial tissues, cells constantly generate and transmit forces between each other. Forces generated by the actomyosin cytoskeleton regulate tissue shape and structure and also provide signals that influence cells' decisions to divide, die, or differentiate. Forces are transmitted across epithelia because cells are mechanically linked through junctional complexes and forces can propagate through the cell cytoplasm. Here, we review some of the molecular mechanisms responsible for force generation, with a specific focus on the actomyosin cortex and adherens junctions. We then discuss evidence for how these mechanisms promote cell shape changes and force transmission in tissues.
Introduction
During development, epithelial tissues undergo dramatic shape changes to generate threedimensional forms that are essential for organ function. For many of these processes, epithelial cells remain adhered to each other as they change shape and generate new tissue morphologies. Furthermore, many of the mechanisms used by tissues to shape developing organisms are also utilized to maintain and modify tissue properties in adulthood. For example, in developing embryos actomyosin-induced contractions drive cell shape changes to generate new tissue morphologies. In adult mammals, endothelial cells line blood vessels and function to provide a barrier between blood and surrounding tissues. In response to vasoactive compounds, like thrombin and histamine, activation of actomyosin induces endothelial cell contraction and increases endothelial tissue permeability (Lum and Malik, 1996) . In both of these examples, the observed morphological response is the result of integration of an input signal that results in a mechanical, force-generating response that is transmitted over an individual cell or across a tissue.
Force transmission and mechanical signals are factors that influence cell survival and cell fate. The extent to which single cells spread influences the magnitude of force generated and a cell's decision to either undergo programmed cell death or to enter the cell cycle (Chen et al., 1997; Oakes et al., 2014) . Accordingly, cells in an epithelial sheet respond to mechanical stress, and proliferation occurs in the regions of highest stress; these responses are dependent on tension generated by the actomyosin cytoskeleton and transmitted through cell-cell junctions (Nelson et al., 2005; Rauskolb et al., 2014) . The degree of cell spreading can also influence cell differentiation in a manner that is dependent on cytoskeleton-dependent signals (McBeath et al., 2004) . Stem cells can be biased to adopt certain cellular morphologies and transcriptional profiles by differences in substrate stiffness; this substratedirected differentiation is dependent on myosin activity (Engler et al., 2006) . Thus, intracellular and intercellular mechanical cues influence a variety of cell and tissue behaviors.
This review provides a "bottom-up" discussion of the principles of force transmission through a tissue. First, we discuss the molecular components essential for force transmission between and within cells, in this review we only discuss adherens junctions but tight junctions and desmosomes also play a role in force transmission (Nekrasova and Green, 2013; Van Itallie and Anderson, 2014; Bazellieres et al., 2015) . We then discuss how cells organize the actomyosin cytoskeleton to transmit forces across the cytoplasm. Knowledge of how the actomyosin cytoskeleton promotes force generation in tissues is well advanced, and for this reason we focus on actomyosin-dependent force generation; however, intermediate filament meshworks (see (Kreplak and Fudge, 2007; Qin et al., 2010) ) and microtubule networks (see (Brangwynne et al., 2006; Mofrad and Kamm, 2010) ) also contribute to cell mechanics and thus influence force transmission.
We discuss measurements of the forces that cells can transmit in pairs and in tissues. We present evidence that suggests how adherens junctions and actomyosin are involved in transmitting forces across tissues in vivo. Finally, we discuss some challenges for the future and outstanding questions.
Molecular components critical to transmit force in tissues Adherens Junctions
Effectively transmitting force across a tissue requires cells to be mechanically coupled; this coupling is achieved via junctional complexes. Adherens junctions (AJs) link neighboring cell membranes and their internal actin cytoskeletons. Cadherin-family proteins are the transmembrane elements of the AJ complex; the extracellular domains of cadherin proteins can interact with each other, linking neighboring cells ( Figure 1A ) (Oda et al., 1994; Yap et al., 1997) . Because cadherin and its associated proteins connect to the cell's actin cytoskeleton, the AJ can be considered as a mechanical coupler, which connects the actin cytoskeleton of adjacent cells.
Cadherin proteins are composed of extracellular (EC) domains arranged in tandem; ECadherin, the vertebrate epithelial cadherin isoform, has 5 EC domains, named EC1-EC5 (Shirayoshi et al., 1986; Ringwald et al., 1987; Shapiro and Weis, 2009) . Structural analysis of the extracellular domains of cadherins demonstrated that these domains bind to each other in two distinct conformations, X-dimers ( Figure 1B , top) or strand-swapped dimers ( Figure  1B , bottom). X dimers were characterized by interactions between EC1 and EC2 domains of adhering partners (Harrison et al., 2010) . Strand-swap dimers were mediated by insertion of a β-strand of the EC1 domain into a pocket on the EC1 domain of the trans-binding partner (Haussinger et al., 2004) . In vitro force measurements of the different conformations provided insight into the functional difference of the two conformations. While X-dimers became longer-lived upon application of tensile force, behaving like catch bonds, strand-swap dimers were short-lived under tensile force, and thus behave like slip bonds (Rakshit et al., 2012) . These results suggested that trans-cellular cadherin interaction conformations respond to mechanical forces, switching from X-dimers with catch-bond behavior under load, to more stable strand-swap dimers in the absence of load. Studies in epithelial cell culture demonstrated that conformational switching is a mechanism for cadherins to remodel junctions (Hong et al., 2011) . Cells expressing a cadherin mutant locked in the X-dimer state displayed increased cadherin mobility at cellular junctions; conversely, cells expressing a mutant that only forms strand-swap dimers, stabilized cadherin at the junctions. Thus, forcesensitive conformational changes of trans-cellular cadherin interactions could be a mechanism to modulate AJ stability (Hong et al., 2011) . Regardless of the conformation of trans-cellular cadherin interactions, these extracellular interactions are required to maintain tissue integrity (Kintner, 1992) .
While the extracellular domains of cadherins are required for cell-cell adhesion, they are not sufficient to mechanically couple cells. The intracellular domain of cadherin interacts with β-catenin and α-catenin, proteins that connect the cytoplasmic side of cadherins to the actin cytoskeleton, respectively ( Figure 1A ). In in vitro experiments, β-catenin bound the cytoplasmic domain of E-Cadherin with high affinity while α-catenin bound β-catenin and actin filaments but not E-Cadherin. These findings suggested the existence of a tetracomplex between E-Cadherin, β-catenin, α-catenin, and actin filaments; however, until recently only a complex between ECadherin, β-catenin, and α-catenin (tricomplex) could be isolated or reconstituted (Aberle et al., 1994; Rimm et al., 1995) . Application of tensile force on the ECadherin, β-catenin, and α-catenin complex resulted in strong binding between the tricomplex and actin filaments; thus, tensile force is required for tetracomplex formation ( Figure 1C ) (Buckley et al., 2014) . In vivo studies suggested that this tension-dependent interaction of the AJs components with actin filaments is due to force-sensitive conformational changes in α-catenin. Under low-tension α-catenin adopted an inhibited conformation that obstructs the binding sites of some its binding partners; when tension was applied to the junction, α-catenin adopted a different conformation that revealed these binding sites (Yonemura et al., 2010) . Furthermore, measurement of cellular velocity, deformation rate, intercellular, and intracellular rates of cells in an epithelial sheet expressing siRNAs against α-or β-catenin demonstrated that both catenins were required to transmit tension through an epithelial sheet and to maintain epithelial cohesiveness (Bazellieres et al., 2015) .
The components of AJs are important for generation and maintenance of tissues in vivo. During development of vertebrate and invertebrate organisms, mutations in cadherin genes caused defects in epithelial organization and morphogenetic movements (Larue et al., 1994; Tepass et al., 1996) . Additionally, inhibition of trans-cellular cadherin interactions, via calcium chelation or antibodies, caused tissues to lose adhesion and dissociate (Takeichi et al., 1981; Damsky et al., 1983) . Mutation of either α-or β-catenin resulted in tissue adhesion defects. In C. elegans, cadherin, α-or β-catenin (HMR-1, HMP-1, and HMP-2, respectively) are required for morphogenetic movements, including cell migration and tissue elongation (Costa et al., 1998) . Structure-function analysis of α-catenin in Drosophila tissues found that both the β-catenin binding domain and the actin-binding domain are required for AJ formation (Desai et al., 2013) . Furthermore, expression of an E-Cadherin-α-catenin fusion could rescue defects caused by α-catenin mutations in developing tissues as well as can rescue cell adhesion in cell culture systems (Nagafuchi et al., 1994; Sarpal et al., 2012) . In addition to cadherins and catenins, other molecular components that link cellular adhesion molecules and the actin cytoskeleton have been implicated in driving cell shape changes. For example, depletion of the Drosophila homolog of Afadin, a protein can bind both actin filaments and α-catenin, that localizes to AJs, results in separation of the actomyosin cytoskeleton from AJs, disrupting cell shape changes during early Drosophila development (Pokutta et al., 2002; Sawyer et al., 2009; Sawyer et al., 2011) . Thus, junctional complexes, including cadherins, catenins, Afadin, vinculin and the actin cytoskeleton, all function to not only adhere neighboring cells, but also, to mechanically couple the cytoskeletons of cells and thus transmit force.
The Actomyosin cytoskeleton
For a tissue to propagate force, force must be transmitted across the volumes of cells. The actomyosin cytoskeleton provides a means to generate and transmit force across a cell. Actin filaments (F-actin) are polymers composed of subunits that have an intrinsic polarity, such that filaments have a plus-end (barbed end) and a minus-end (pointed end) (Figure 2A ). Assembly and disassembly occurs at both ends of a filament; however, actin monomers preferentially add to F-actin plus-ends and disassembly occurs preferentially at the minusend (Pollard et al., 1982; Pollard and Borisy, 2003) . F-actin is assembled in a meshwork just below the plasma membrane in a structure called the F-actin cortex (Bovellan et al., 2014) . The F-actin cortex resists and generates force such that cells can maintain or change their shapes.
Myosins are a superfamily of motors that utilize energy from ATP hydrolysis to move along F-actin tracks (Howard, 2001) . A key force-generating protein in a cell's cortex is the molecular motor non-muscle myosin II (myosin), which has roles in cell migration, cell-cell adhesion, and morphogenesis (Vicente-Manzanares et al., 2009) . Myosin is a hexameric complex that consists of two myosin heavy chains (MHC) and two pairs of light chains called the regulatory light chain (RLC) and the essential light chain (ELC) (Figure 2B ). The N-terminal head domain of MHC binds F-actin and ATP. The head domain couples energy from ATP hydrolysis to myosin movement along F-actin. Each enzymatic cycle of the motor domain results in its displacement towards the plus-end of F-actin, (refer to (De La Cruz and Ostap, 2004 ) for a detailed review of the actinactivated ATPase cycle). Compared to other molecular motors, like kinesins and dyneins, myosin heads spend a relatively short time bound to actin during the ATPase cycle. This characteristic means that individual myosin heads have a low duty-ratio, defined as the proportion of the ATPase cycle a head domain is bound to F-actin. To promote processive movement along F-actin, myosin hexamers assemble into bipolar minifilaments via the Cterminal coiled-coil domain of the MHC. Bipolar minifilament assembly increases the effective duty ratio of the minifilament structure.
Myosin has to perform diverse functions in tissues, including dynamic cell shape changes and stable generation of tension (Vicente-Manzanares et al., 2011) . In mammals there are three isoforms of myosin (myosin-IIA, myosin-IIB, myosin-IIC). These isoforms are differentially expressed during development and in different cell types, suggesting that differences in function are reflected in the molecular behavior and assembly of these motors (Maupin et al., 1994; Rochlin et al., 1995; Ma et al., 2010) . Myosin-IIA has the lowest duty ratio of the three isoforms (Table 1) . In contrast, myosin-IIB has a significantly greater duty ratio and has the highest affinity for F-actin of the three isoforms, suggesting it is suited for long-term maintenance of tension instead of short-term force generation, like myosin-IIA (Table 1) Billington et al., 2013) . The less well-studied myosin-IIC has an intermediate duty ratio; however, in comparison to myosin-IIA, its minifilaments have fewer heads, and as such, myosin-IIC has the lowest probability of the three isoforms of binding F-actin at any given time (Heissler and Manstein, 2011; Billington et al., 2013) . Interestingly, Drosophila only expresses one myosin isoform, which behaves similar to the fast-acting myosin-IIA isoform, with a low duty ratio (Kiehart and Feghali, 1986; Kiehart et al., 1989; Mansfield et al., 1996; Heissler et al., 2015) . Given that the three mammalian myosin isoforms have different kinetic behaviors and thus provide varying functionality to the organism, how Drosophila prevails with one isoform is not understood. One possible mechanism is that myosin heads tune their actin-binding kinetics in response to load. An in vitro study of two-headed myosin motors exploited the fact that the leading head and trailing head experience different loads to demonstrate that ADP release, the rate-limiting step for the motility of myosin motors, is sensitive to load (Kovacs et al., 2007) . A resistive load slows ADP release and thus increases the lifetime of F-actin binding, while an assisting load increases the rate of ADP release, resulting in decreased Factin attachment lifetimes ( Figure 2C ). Thus, tension in the cytoskeleton would be expected to slow myosin dynamics and promote a more stable myosinactin association. There is some indication that the application of force or tension in tissues leads to myosin stabilization and accumulation (Fernandez-Gonzalez et al., 2009; Pouille et al., 2009 ). However, whether this build-up is due to direct mechanical regulation of the motor, modulation of upstream signaling pathways, or both is not clear.
Myosin activity is primarily regulated by phosphorylation of the RLC (Bresnick, 1999; Heissler and Manstein, 2013) . Dephosphorylated myosin is inactive and adopts a folded (10S) conformation that blocks productive association of the motor domain with F-actin (Wendt et al., 2001; Jung et al., 2008; Lowey and Trybus, 2010) . Phosphorylation of the RLC, primarily on Serine-19 but secondarily on Threonine-18, shifts myosin equilibrium towards an extended conformation (6S), which allows myosin to oligomerize, form bipolar minifilaments, bind F-actin, and activates ATPase activity (Scholey et al., 1980; Craig et al., 1983) (Figure 2B and 2D). The kinases primarily responsible for phosphorylation of the RLC, and consequently myosin activation, are the Rho-associated and coiled-coil kinase (ROCK), myosin light chain kinase, and citron kinase (Ikebe and Hartshorne, 1985; Amano et al., 1996; Totsukawa et al., 2000; Yamashiro et al., 2003) . Additionally, ROCK can activate myosin by phosphorylating and inhibiting the myosin binding subunit of myosin phosphatase, the phosphatase that dephosphorylates RLC Hartshorne et al., 1998) .
The polarity of F-actin and assembly of myosin into bipolar minifilaments enables plus-enddirected movement of myosin along opposing F-actin to mediate filament sliding ( Figure  2E ). In skeletal and cardiac muscle, the contractile unit is a sarcomere, which is composed of overlapping arrays of F-actin and muscle myosin, where F-actin plus-ends are fixed at the boundaries of sarcomeres, which themselves are arranged in series. Myosin movement towards F-actin plus ends results in decreasing sarcomere length, and muscle contraction (Huxley, 1963) . Models of non-muscle cell contraction do not rely on ordered arrays of Factin and myosin, but rely on the physical and biochemical properties of myosin and F-actin (Soares e Silva et al., 2011; Murrell and Gardel, 2012) . Using a reconstituted actin cortex attached to a membrane surface, it was shown that a network, composed of F-actin, myosin, and other actin cross-linking proteins, can contract in the absence of initial F-actin order (Murrell and Gardel, 2012) . The initiation of network contraction depended on breaking the balance between compressive and tensile stresses exerted on F-actin by myosin motors. Factin resists tensile stresses, with the force required to break a single F-actin via extension being approximately 100 pN (Kishino and Yanagida, 1988) . Therefore, pulling and filament extension most often results in translocation of F-actin. In contrast, the force required to buckle and break F-actin under compressive stresses is 0.16 pN, almost 4 orders of magnitude less than that required to break F-actin via extension (Lenz et al., 2012) . Thus, in a disordered network the compressive stresses on F-actin, generated by myosin, were asymmetrically relieved by F-actin buckling, while the remaining tensile stresses were retained and promoted network contraction via shortening of F-actin segments via F-actin sliding.
Importantly, contraction of this pseudo-cortex has no requirement for a precise or ordered actin filament organization, demonstrating that contraction could be an intrinsic property of actomyosin networks (Billington et al., 2013; Carvalho et al., 2013) . In non-muscle cells, actomyosin networks most often do not demonstrate a high degree of order and yet still contract (Verkhovsky et al., 1997) . Thus, this in vitro work provides a physical model for how actomyosin networks without defined polarity and organization contract in vivo.
Transmitting forces across a cell-cytoskeletal network
The ability to transmit force across a cell is essential for force generation on a cellular scale; transmission requires transduction of force across the cell's cytoplasm through a coherent mechanical network. Myosin inhibition caused the cell's cytoplasm to fragment as it lost circumferential actin bundles and stress fibers (Cai et al., 2010) . Thus, myosin activity is essential to maintain a coherent actin network that spans an entire cell.
Advances in microscopy have uncovered a suborganization of cytoskeletal components required to transmit forces in a cell. Treatment of cells with Latrunculin A, a small-molecule that sequesters actin monomers, revealed "nodes" of actin structures throughout the cortex (Luo et al., 2013) . Using super-resolution microscopy, nodes were visible without drug treatment, demonstrating that these node structures were not an artifact of drug treatment. Analysis of node movement demonstrated that nodes do not move by pure diffusion, but movement is best described by a biased random walk, suggesting that node movements are coupled via the actin cytoskeleton. In particular, nodes that were less than 2 μm apart moved towards each other. Myosin localized to actin nodes and myosin motor inhibition with blebbistatin caused nodes to move by pure diffusion, demonstrating that myosin motor activity is required to transmit force between nodes. Actomyosin nodes and their coalescence was also observed in contractile rings of fission yeast (Vavylonis et al., 2008) . Here, high-speed microscopy of node movements uncovered a mechanism where myosin in nodes stochastically "captured" F-actin growing from a nearby node, exerted force on it, and then released it. These transient connections between nodes were sufficient to generate a contractile ring that could separate daughter cells during cytokinesis. These studies demonstrated that, while non-muscle cells may not display highly-ordered actomyosin organizations (like those observed in muscle cells), they do display supramolecular complexes that are essential for force transmission through a cell.
Supramolecular structures, such as nodes, are integrated into larger cellular structures that transmit forces across a cell. For example, stress fibers are 10-200 μm long bundles of crosslinked actin and myosin that can consist of a repeated sarcomere-like structure and can transmit force across a cell (Katoh et al., 1998) . Ablation of a single stress fiber, in living cells growing on a compliant surface, resulted in viscoelastic retraction of the cut ends, compensatory relaxation of the extracellular surface, cell shape change, and actin cytoskeleton remodeling . These results demonstrated that individual stress fibers play a role in stabilizing cell shape and exerting force on extracellular adhesions via contractile forces. Cells grown on soft matrices form contractile lamellar networks, characterized by myosin nodes dispersed in a randomly polarized branched F-actin meshwork and without any stress fibers (Verkhovsky et al., 1997; Yeung et al., 2005) . These lamellar networks also generate and transmit force with lamellar networks contributing up to 60% of a cell's total traction stress (Aratyn-Schaus et al., 2011). These results demonstrated that a range of actomyosin organizations generate and transmit forces, providing mechanisms for cells to modulate force generation in the context of a tissue.
Magnitudes of forces transmitted in a tissue
As discussed above the actomyosin cortex can adopt a variety of different organizations. In this section we discuss approaches developed to quantitatively assess how cells exert force on each other and their substrates, and how much force they exert. One approach to measure forces transmitted between cells is to examine the force balance for a pair of adherent cells in which cell-substrate traction forces are known. Maruthamuthu et al. found that the tensile force between pairs of isolated epithelial cells was approximately 100 nN and oriented perpendicularly to the interface (Maruthamuthu et al., 2011) . This magnitude of force would require on the order of thousands of myosin minifilaments (Finer et al., 1994) . Using fabrication techniques to adhere endothelial cell pairs to each other by a single contact and measuring the traction forces exerted by these cells, Chen et al. determined that the tugging force at a single cell contact is approximately 40 nN (Liu et al., 2010) . Additionally, the size of the cell-cell contact is determined by the magnitude of the tugging force, which is dependent on myosin activity. Activation of myosin contraction, by inhibition of myosin phosphatase or addition of vasoactive compounds, increased the intercellular tugging force and resulted in a larger cell-cell contact. Conversely, inhibition of myosin activity decreased tugging force and diminished the size of the cell-cell contact. Furthermore, contractile force induces F-actin assembly at the junction, providing a possible mechanism for tensiondependent cell-cell contact size (Leerberg et al., 2014) . Thus, studies examining the forces exerted by cells in cell pairs, demonstrated that there is coordination between actomyosingenerated mechanical forces and cell-cell contacts, suggesting that cell-cell contacts could be functioning to mechanically integrate cell adhesion and actomyosin-generated contractility (Lecuit and Yap, 2015) . The principles of cellular force balance can also be used to quantify forces in epithelial sheets (Tambe et al., 2013) . Measurement of the traction forces exerted by individual cells in a spreading epithelial monolayer demonstrated that tensile stress increases from the sheet edge to the sheet center (~300 pN μm −2 to ~1000 pN μm −2 ) (Trepat et al., 2009 ). Thus in a cell sheet with 2 mm in diameter, an enormous amount of force is transmitted across cells and through junctions.
An important question is whether similar levels of force are experienced in the tissues of an organism. Previously, force inference in living tissues has relied on laser ablation techniques to infer tissue tension from the initial recoil velocity of the tissue following a cut (Kiehart et al., 2000; Hutson et al., 2003) . These studies have provided insight into the relative tensile state of a tissue prior to the cut, and the directionality of tension-generation in a tissue; however, ablation techniques do not allow absolute measurement of force in a tissue. To study forces dynamically generated by a tissue during morphogenesis, Zhou et al. embedded embryonic dorsal tissue of Xenopus in an agarose gel of known mechanical properties (Zhou et al., 2015) . By tracking the displacement of fluorescent beads embedded in the gel as the dorsal tissue underwent convergent extension (convergence along the mediolateral embryonic axis and extension along the anterio-posterior axis), the authors were able to map the stress field surrounding the tissue. Through this analysis, the authors found that the dorsal tissue produces approximately 5 pN μm −2 of stress during convergent extension.
Another group has developed an independent technique to quantify stresses generated by epithelial cells in culture, aggregate and living embryonic tissues. This technique involved fluorescently-labeled cell-sized droplets with known physical properties that can adhere to and integrate into tissues. By tracking the deformations of the droplet in time, the stresses that cells apply to the droplet at every time point can be calculated. Campàs et al. showed that cultured epithelial cells exert 3.4 pN μm −2 of stress while cells in embryonic mouse explants exert 1.6 nN μm −2 (Campas et al., 2014) .
A recent study optically trapped cell-cell interfaces in the early Drosophila embryo and found that they generate 100 pN of tension, which could be generated by about fifteen myosin minifilaments (Bambardekar et al., 2015) . Furthermore, by measuring the deflection of an interface after release from an optical trap, the authors found that the embryonic tissue behaves as a viscoelastic material, which can be modeled by a combination of elastic components (springs) and viscous components (dashpots) (for a review and detailed description of these mechanical components see (Davidson et al., 2009) . These studies and others have begun to provide information on the magnitude of forces generated in living tissues and organisms.
These results demonstrate that tissues can generate magnitudes of force varying in 3 orders of magnitude (pN to nN). These differences likely reflect differences in the mechanism of force measurement; however, they also suggest that tissues themselves have different forcegenerating properties. Some properties that may influence that magnitude of force a tissue generates could be differences in tissue size, the degree of morphological changes (like how much a tissue needs to move), and force-generating components. For example, tissue invagination in the sea urchin embryo is driven by apical extracellular matrix remodeling (Davidson et al., 1999) , while actomyosin contractions drive tissue invagination in the early Drosophila embryo (Martin et al., 2009) . Another possible explanation for the differences observed in force magnitudes could be due to the difference in requirements for survival in cell culture and in vivo environments. Cultured cells could need large stresses and signaling processes at focal adhesions to be able to continue proliferating; this requirement could contribute to the observation of a greater the magnitude of force exerted by cultured cells than cells in living tissues. More in vivo studies will elucidate the range of forces that tissues produce and furthermore will determine key properties of cells and their surrounding environments that are required to tune force generation in a tissue.
Transmitting forces across a tissue
To transmit force across a tissue cells must couple intracellular force transmission with mechanical coupling across intercellular contacts. Force transmission is required throughout many morphogenetic processes, for excellent reviews see (Lecuit et al., 2011; Heisenberg and Bellaiche, 2013 ). Here we discuss two model systems where the importance of force transmission on a tissue scale has been well studied. An excellent model of epithelial sheet contraction and folding is the formation of the Drosophila ventral furrow. At the onset of furrow formation, the ellipsoid embryo consists of a single epithelial sheet that surrounds the yolk. Cells of the prospective mesoderm constrict their apical (outside) ends, which promotes furrowing, or folding, of the epithelial sheet into a tube ( Figure 3A) . Another model for epithelial sheet contraction is Drosophila dorsal closure, whereby amnioserosa cells, a squamous epithelium on the dorsal face of the embryo, apically constrict, and the lateral epidermis moves dorsally such that they meet and fuse over the amnioserosa cells. The lateral epidermis forms a supracellular actomyosin cable that surrounds the amnioserosa and shortens throughout dorsal closure ( Figure 3C ) (Kiehart et al., 2000; Peralta et al., 2007) . From laser cutting experiments, it has been inferred that both ventral furrow formation and dorsal closure involve tension transmitted across the tissue (Hutson et al., 2003; Martin et al., 2010) .
During ventral furrow formation and tissue folding, AJs are required to transmit tension across the tissue. Depletion of any component of the AJ, E-Cadherin, β-catenin, or α-catenin, during ventral formation resulted in tears in the normally intact supracellular myosin meshwork that spans the ventral tissue (Martin et al., 2010) (Figure 3B ). Depletion of E-Cadherin or β-catenin during dorsal closure resulted in separations between the amnioserosa and the epidermis and also disrupts the actomyosin cable (Gorfinkiel and Arias, 2007) . Tearing of the tissue-wide cytoskeletal meshwork in embryos with weakened AJs demonstrates that AJs are required to mechanically integrate the cytoskeleton across a tissue. Additionally, the connection between E-cadherin and the F-actin network is also necessary to transmit tension across the tissue. Depletion of alpha-catenin or Afadin, results in separation of neighboring actomyosin networks and contraction of the actomyosin fibers into spots, suggesting a loss of force transmission (Sawyer et al., 2009; Martin et al., 2010; Fernandez-Gonzalez and Zallen, 2011) . Furthermore, during ventral furrow formation it has been shown that the connection between the apical F-actin network and AJs in ventral furrow cells is dynamic and F-actin turnover is required to maintain the cytoskeletal attachment to the junctional interface (Jodoin et al., 2015) . It appears that during ventral furrow cell constriction the apical F-actin network often releases the junctions. F-actin turnover re-establishes the connection between the actomyosin network and the junction, allowing for stable force balance across intercellular junctions as the cells constrict. The function of this dynamic connection in the context of a wild-type tissue is not yet clear, but it is possible that such a dynamic coupling between actomyosin and the junction could allow cells to fine tune force transmission in the context of a tissue changing shape.
Myosin is required not only to generate contractile force, but also to maintain cell shape. Depletion of the myosin heavy chain during dorsal closure caused the apically constricting amnioserosa cells to separate from each other, as well as disrupted the organization of the supracellular cable (Franke et al., 2005) . Generation of an animal with mosaic myosin expression resulted in the stretching of myosin-null cells adjacent to cells expressing myosin ( Figure 3D ). Thus, cells that do not express myosin cannot generate resistive tensile forces from the supracellular cable and are passively stretched by the neighboring cells contracting their sections of the supracellular cable.
A surprising property of contraction in many systems, including the ventral furrow and dorsal closure, is that actomyosin activity is pulsatile (for reviews see (Martin and Goldstein, 2014) and (Gorfinkiel, 2015) ). Myosin pulses involve cycles of myosin accumulation and subsequent remodeling, which can result in incremental cell constriction (Martin et al., 2009) (Figure 3E ). Myosin pulses require dynamic regulation of the myosin motor by regulatory light chain phosphorylation, with cycles of phosphorylation and dephosphorylation (Vasquez et al., 2014; Munjal et al., 2015) . Interestingly, abrogation of myosin pulses either via depletion of a subunit of myosin phosphatase (a negative regulator of myosin activity) or by expression of myosin regulatory light chain phosphomutants resulted in tears in the supracellular myosin meshwork (Vasquez et al., 2014) . Thus, dynamic regulation of myosin activity is somehow required to maintain stable mechanical connections between cells, although the mechanism is not yet clear. One possibility is that coordinating contractile pulses between neighboring cells is required to set up stable force transmission. Dynamic regulation of myosin also appears to be required to efficiently reattach the actomyosin network to AJs after wounding, suggesting a cell autonomous role for myosin regulation in maintaining cytoskeletal attachment to junctions (Jodoin et al., 2015) .
The observation of pulsatile contraction, where myosin levels periodically ebb, leads to the question, how do cells transmit forces between myosin pulses. Analysis of pulsatile behavior of ventral cells reveals that myosin pulses can generate different types of cellular responses: ratcheted pulses (cell constricts and stabilizes constricted area), oscillating or unratcheted pulses (cell constricts but relaxes area), and unconstricting pulses (cell does not constrict, or minimally constricts) ( Figure 3E ) (Xie and Martin, 2015) . Myosin persists in the apical domain during ratcheted pulses, but does not persist during unratcheted pulses, suggesting that, specifically during ratcheted pulses, a cell's myosin network is stabilized (Martin et al., 2010; Xie and Martin, 2015) . Interestingly, ratcheted pulses seem to be required for cells to cooperatively contract in a tissue (Xie and Martin, 2015) . If a cell is undergoing an unratcheted pulse, neighboring pulses appear to slow the cell's constriction, suggesting competition between neighboring contractions. However, for a cell undergoing a ratcheted pulse, neighboring contractions enhance its constriction, suggesting that ratcheting allows cells to cooperate during tissue shape change. A model for this effect is that the persistence of myosin structures that follow ratcheted pulses bears tensile force, allowing forces in neighboring cells to propagate across a ratcheting cell, and thus add up, instead of dissipating. Consistent with this model, depletion of a gene that increases the frequency of unratcheted pulses dramatically reduced epithelial tension (Martin et al., 2010) ; thus, ratcheted pulses, but not unratcheted pulses, promote epithelial tension during tissue shape change. In addition, there is a transition from unratcheted to ratcheted pulses and the onset of ventral furrow formation (Xie and Martin, 2015) .
Another example of pulsatile and ratchet-like apical constriction occurs in amnioserosa cells during dorsal closure. Early in dorsal closure, amnioserosa cell areas oscillate in a manner that correlates with pulsatile myosin behavior; as dorsal closure proceeds, area oscillations are dampened and apical constriction is more ratcheted ( Figure 3E ) (Solon et al., 2009; Blanchard et al., 2010; David et al., 2010) . Thus, like ventral cells, amnioserosa cellular behavior transitions from a phase where there are more unratcheted or unconstricting pulses to a phase where ratcheted pulses are the dominant cellular behavior. David et al. identified a negative feedback loop with a delay that is responsible for cycles of myosin assembly and disassembly in amnioserosa cells (David et al., 2013) . This delay is sufficient for amnioserosa cells to build up a persistent actomyosin network, inducing cellular constrictions to become more ratcheted (David et al., 2010; David et al., 2013) . Thus, in both dorsal closure and the ventral furrow, effective force transmission across a tissue requires a transition from unratcheted or oscillatory cellular constrictions to ratcheted constrictions that sustain cell spanning cytoskeletal structures. Whether the transition from oscillatory to sustained contractions is a general feature of contractile systems requires live imaging and quantitative analysis of more contractile tissues, especially in vertebrates.
Conclusion
Effective transmission of force in between cells and through a tissue requires three properties: (1) Attachments between neighboring cells. In this review we only discussed cadherins but tight junctions and desmosomes also play a role in force transmission (Bazellieres et al., 2015) . (2) A coherent intracellular meshwork, like the actomyosin cortex or an intermediate filament meshwork (Qin et al., 2010) . (3) Coupling between the adhesion complex and the force-generating machinery (Figure 4) . Together, these features mechanically couple cells to each other such that they can generate forces, react to forces, and ultimately change tissue shape.
Recent advancements have lead to the development of various techniques that can measure mechanical forces in living organisms. Coupling of these quantitative tools with perturbations that affect specific molecular activities will be required to truly understand the molecular mechanisms of force generation, transmission, and efficiency in living organisms at the cellular and tissue scales. One question that can be answered using these new tools is the function and contribution of specific protein activities on force transmission in tissues. For example, determining whether myosin motor activity, myosin cross-linking, or myosindriven F-actin depolymerization contribute to force generation in tissues, and furthermore, understanding how tuning of these different molecular activities influence cellular and tissue-scale force transmission and the ultimate morphogenetic output. Another important challenge will be to understand precisely what actomyosin pulsing does. Cycles of apical actomyosin network assembly and remodeling have not only been observed in apical constriction events in Drosophila embryonic development, but also during C. elegans development (Munro et al., 2004) , Xenopus convergent extension (Skoglund et al., 2008) , and during cell compaction in early mammalian development (Maitre et al., 2015) . Thus, actomyosin pulsing appears to be a general mechanism to change cell shapes and understanding the underlying mechanisms and functions of pulsing will be critical to advance understanding of how cells generate and transmit force in a tissue. Components of the AJs complex interact in a force dependent manner. β-catenin binds directly to the intracellular domain of E-cadherin in the presence or absence of force. In the absence of force, α-catenin adopts a folded conformation and does not bind strongly to actin filaments (F-actin) (left). When tensile force is applied to the junction, α-catenin adopts a new conformation and binds F-actin tightly (right). 
cells). (E)
Schematic of the apical surface of a cell undergoing ratcheted or oscillatory constriction. Initially, both cells constrict, however the decrease in cell area is stabilized and epithelial tension is facilitated by ratcheted constriction (top). In contrast, the cell shape is not stabilized and relaxes during oscillatory constrictions (bottom).
